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Abstract

The analysis of the stable isotopic composition of hydrogen and oxygen in

water samples from soils and plants can help to identify sources of vegetation

water uptake. This approach requires that the heterogeneous nature of plant

and soil matrices is carefully accounted for during experimental design, sample

collection, water extraction and analyses. The comparability and shortcomings

of the different methods for extracting water and analyzing isotopic composi-

tion have been discussed in specialized literature. Yet, despite insightful com-

parisons of extraction methods and benchmarking methodologies of

laboratories worldwide, the community still lacks a roadmap to guide sample

collection, extraction, and isotopic analyses, and many practical issues for

potential users remain unresolved: for example, which (soil or plant) water

Abbreviations: CEC, cationic exchange capacity; CRDS, cavity ring down spectroscopy; CVD, cryogenic vacuum distillation; CZ, Critical zone; HPMS,
high-pressure mechanical squeezing; IAEA, International atomic energy agency; IRIS, isotope-ratio infrared spectrometer; IRMS, isotope-ratio mass
spectrometer; LMWL, local meteoric water line; OA-ICOS, Off-axis integrated cavity output spectroscopy; PCSs, passive capillary samplers; RWU, root
water uptake; SPC, Scholander pressure chamber; SWC, soil water content; SWP, soil water potential; WATSON, WATer isotopeS in the critical zONe:
from groundwater recharge to plant transpiration; δ18O, The 18O/16O abundance ratio in a sample relatively to that of V-SMOW (in‰); δ2H, The 2H/1H
abundance ratio in a sample relatively that of a standard (namely the Vienna Standard Mean Oceanic Water, V-SMOW) (expressed in‰).

Natalie Ceperley, Teresa E. Gimeno, and Suzanne R. Jacobs shared first authorship.

Adrià Barbeta, Natalie Orlowski, and Youri Rothfuss shared last authorship.

For affiliations refer to page 22

Received: 28 July 2023 Revised: 26 January 2024 Accepted: 13 February 2024

DOI: 10.1002/wat2.1727

This is an open access article under the terms of the Creative Commons Attribution License, which permits use, distribution and reproduction in any medium, provided

the original work is properly cited.

© 2024 The Authors. WIREs Water published by Wiley Periodicals LLC.

WIREs Water. 2024;e1727. wires.wiley.com/water 1 of 33

https://doi.org/10.1002/wat2.1727

https://orcid.org/0000-0002-2260-8426
https://orcid.org/0000-0002-1707-9291
https://orcid.org/0000-0003-2223-6973
https://orcid.org/0000-0002-1618-6036
https://orcid.org/0000-0002-2352-8516
https://orcid.org/0000-0003-2530-6084
https://orcid.org/0000-0003-0159-0543
https://orcid.org/0000-0002-4589-7478
https://orcid.org/0000-0003-3985-9261
https://orcid.org/0000-0003-2962-3351
https://orcid.org/0000-0003-4591-5303
https://orcid.org/0000-0002-2171-581X
https://orcid.org/0000-0001-6915-0697
https://orcid.org/0000-0001-5549-1132
https://orcid.org/0000-0003-4341-4046
https://orcid.org/0000-0002-2242-2656
https://orcid.org/0000-0002-7715-8100
https://orcid.org/0000-0001-9041-2735
https://orcid.org/0000-0002-7183-8674
https://orcid.org/0000-0002-7547-3270
https://orcid.org/0000-0002-7676-9057
https://orcid.org/0000-0002-8058-4506
https://orcid.org/0000-0002-2125-0717
https://orcid.org/0000-0002-8357-1719
https://orcid.org/0000-0003-4368-4580
https://orcid.org/0000-0002-8874-5036
mailto:y.rothfuss@fz-juelich.de
http://creativecommons.org/licenses/by/4.0/
http://wires.wiley.com/water
https://doi.org/10.1002/wat2.1727
http://crossmark.crossref.org/dialog/?doi=10.1002%2Fwat2.1727&domain=pdf&date_stamp=2024-03-05


Wissenschaften, ClimGrassHydro;
European Cooperation in Science and
Technology, Grant/Award Number:
CA19120 WATSON; Generalitat de
Catalunya, Beatriu de Pin�os postdoctoral
grant (MSCA-COFUND), Grant/Award
Numbers: 2019BP00193, SGR-Cat 2021
00849

Edited by: Anna Lintern, Associate
Editor, Jan Seibert, Senior Editor, and
Wendy Jepson, Editor-in-Chief

pool(s) does the extracted water represent? These constitute a hurdle for the

implementation of the approach by newcomers. Here, we summarize discus-

sions led in the framework of the COST Action WATSON (“WATer isotopeS in

the critical zONe: from groundwater recharge to plant transpiration”—
CA19120). We provide guidelines for (1) sampling soil and plant material for

isotopic analysis, (2) methods for laboratory or in situ water extraction, and

(3) measurements of isotopic composition. We highlight the importance of

considering the process chain as a whole, from experimental design to isotopic

analysis to minimize biased estimates of the relative contribution of different

water sources to plant water uptake. We conclude by acknowledging some of

the limitations of this methodology and advice on the collection of key envi-

ronmental parameters prior to sample collection for isotopic analyses.

This article is categorized under:

Science of Water > Hydrological Processes

Science of Water > Water and Environmental Change

Science of Water > Water Extremes

KEYWORD S

isotopic analysis, sampling techniques, soil–plant interactions, water extraction
techniques, water stable isotopes

1 | INTRODUCTION

The Critical Zone stretches from the top of the vegetation canopy to the active groundwater (Fan, 2015). This thin layer
sustains all terrestrial life and understanding its functioning is essential to quantify and predict freshwater storage and
dynamics (Brooks et al., 2015). The stable isotopes of hydrogen and oxygen are useful tracers for studying the spatio-
temporal patterns of water movement and storage in the Critical Zone (Orlowski et al., 2023), as well as changes in veg-
etation water-use in response to climate, environmental and human-induced changes (e.g., Miguez-Macho &
Fan, 2021; Penna et al., 2018; Querejeta et al., 2021; Sprenger et al., 2016; Tetzlaff et al., 2014). Here, we focus on the
application of isotopic analyses to study changes in water storage and fluxes in the Critical Zone linked to vegetation
water use, in all types of land covers, from agricultural fields to forests, and climates, from semi-arid to humid.

The primary source for plant water uptake is the soil (Rothfuss & Javaux, 2017), although plants can also take up
precipitation, dew or fog water directly via foliar uptake (Goldsmith et al., 2017); or bedrock water through their roots
(Hahm et al., 2020). The analysis of the abundance of the stable isotopes of hydrogen and oxygen (δ18O and δ2H) from
plant water and its sources can be used to estimate the relative contributions of the different sources to plant uptake.
Examples of studies applying this approach have addressed to which extent plant water reflected precipitation (Allen
et al., 2019), groundwater (Barbeta & Peñuelas, 2017), stream water (Dawson & Ehleringer, 1991), or tightly bound min-
eral water (Palacio et al., 2014).

This approach assumes that plant water uptake occurs through the roots and is a non-fractionating process, even
though this may not be the case for plants in salty or extremely dry habitats (Ellsworth & Williams, 2007). Limitations
to this approach arise from (i) the temporal and spatial variability of the exchange between and within plant and soil
water pools (Dubbert et al., 2023), and (ii) the heterogeneity in water availability in plant tissues and soil matrices
(Duvert et al., 2022). This complexity leads to uncertainties in the calculation of the relative water uptake contributions
(Beyer & Penna, 2021) and has stimulated the development of different methodologies to extract water from plant tis-
sues and soils, and the monitoring of the isotopic composition of such water pools. Nonetheless, despite their wide
applications, these methodologies are still subject to debate (Chen et al., 2020; Millar et al., 2022; Orlowski, Breuer,
et al., 2016; Zuecco et al., 2022).

Here, we summarize discussions held in the framework of the COST Action WATSON (“WATer isotopeS in the crit-
ical zONe: from groundwater recharge to plant transpiration”—CA19120), that resulted in the following guidelines for
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(1) sampling plant and soil material in the laboratory, greenhouse, or field; (2) the extraction of water (and other co-
extracted substances) from plant tissues and soils in the laboratory and in situ; and (3) the isotopic analysis of water in
the laboratory. Such guidelines are, to our knowledge, not compiled elsewhere and complement the protocol for sam-
pling meteoric waters for the specific purpose of isotopic analysis (International Atomic Energy Agency [IAEA], 2007).
Here, we do not review the mechanics and underlying theory of how to incorporate water isotopic compositions into
multisource mixing models to predict the relative contribution of each source to plant water uptake; for further details
on this topic the reader is referred to Rothfuss and Javaux (2017). Our goal is that these guidelines will encourage and
facilitate researchers to adopt this methodology to study plant–water relations.

We have organized our guidelines in three sections according to the following steps of the integrated eco-
hydrological process chain, namely:

1. “Soil and plant sampling,” where we describe the best practices for the sampling of plant and soil material to ensure
preservation of the original water δ18O and δ2H, that is, practical guidance for minimizing sample evaporation and
potential for fractionation.

2. “Water extraction techniques,” where we present the different extraction methods, their advantages and disadvan-
tages, and the type of plant and soil material from which water can be retrieved.

3. “Isotopic analyses,” where we describe the measurement process and provide recommendations for standardization.

2 | SOIL AND PLANT SAMPLING

Most studies that use the stable isotope technique to infer the sources of plant water uptake rely on the extraction of
water from soil and plant samples, such as soil cores, small wood cores, stems, branches, leaves, root collars or others.
This section focuses on the destructive sampling protocols to collect such samples. More specifically, we provide an
overview of the collection of ancillary data and other measurements of plant physiological performance related to plant
water uptake (Section 2.1) and of important aspects that need to be taken into account during sampling (Section 2.2).
Nondestructive sampling techniques that allow for direct in situ collection of liquid soil water are reviewed in
Section 3.2. Recent advancements in laser-based spectroscopy have allowed for the development of continuous in situ
measurements of the isotopic composition of plant- and soil-water vapor (e.g., Kübert et al., 2020; Kühnhammer
et al., 2022; Landgraf et al., 2022; Marshall et al., 2020; Rothfuss et al., 2013; Volkmann & Weiler, 2014; Werner
et al., 2021). These techniques require the deployment of an isotope-ratio infrared spectrometer (IRIS) and access to
power in the field, rarely available. These methods are not reviewed here, and the reader is kindly referred to Beyer
et al. (2020) for further details.

2.1 | Ancillary data

A series of recent meta-analyses on the water isotopic composition across different compartments of the Critical Zone
have highlighted the importance of reporting ancillary data consistently (Amin et al., 2020; de la Casa et al., 2022;
Evaristo & McDonnell, 2017; Miguez-Macho & Fan, 2021). These studies show how geophysical and biological charac-
teristics, such as geographic location, climate, topology, geology, vegetation, or soil type determine the isotopic compo-
sition of plant and soil water and also influence the choice of sampling, extraction, and measurement methodology.
Therefore, reporting this information is crucial to compare results across studies to infer global patterns of vegetation
water use. Here, we describe the ancillary data that should accompany the description of a study site, together with
additional variables that are helpful for interpreting plant water uptake inferred from the isotopic analyses or for eco-
hydrological model parametrization (Smith et al., 2022) (Table 1).

2.1.1 | Soil data

Soil volumetric water content (SWC) and soil matric potential (SWP) of the different layers define the moisture state
and the water available for plant water uptake. Soil layers where SWC is very low—or SWP is close to or below the so-
called permanent wilting point (Savage et al., 1996) are unlikely to contribute to soil water uptake. Thus, continuous
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monitoring of SWC and SWP along the depth profile is very useful for defining the soil sampling strategy. When contin-
uous SWC and/or SWP data (via monitoring with sensors) are not available, SWC can be calculated from the difference
between the measured fresh (Mf) and dry (Md) sample weights and soil bulk density (BD, i.e., the soil dry mass per unit
of soil volume) according to: SWC = BD * (Mf � Md)/Md. This can be done on independent samples (not meant for iso-
topic analysis) or on the actual samples collected for isotopic analyses if the water is extracted using cryogenic vacuum
distillation (CVD) (see Section 3). Alternatively, discrete measurements of shallow SWC can be taken using hand-held
sensors (such as Time Domain Reflectometers) during field sampling campaigns (e.g., Matesanz et al., 2009). In green-
house studies, SWC can be calculated by regularly measuring pot weight and the amount of water added. SWC can be
converted into SWP based on the retention curve for the soil of the investigated site (Richards, 1931). Soil water reten-
tion curves can also be determined from the soil texture (sand, silt, and clay fractions), and organic fraction (or total
carbon content) using pedotransfer functions (van Looy et al., 2017). Other soil properties such as soil organic or total
carbon content, cationic exchange capacity (CEC) and pH are important for the identification of potential methodologi-
cal artifacts (especially during water extraction, see Section 3). These variables (but not SWC and SWP) are relatively
constant over time, so they do not need to be measured repeatedly (Table 1). Among all these properties, we recom-
mend measuring and reporting at least: SWC, soil texture (expressed as fractions, not as soil types) and organic or total
carbon content (de la Casa et al., 2022). These are the variables with the largest potential effects (Orlowski, Breuer,
et al., 2016) and the most useful for informing studies modeling root water uptake from isotopic data, for example
(Couvreur et al., 2020).

2.1.2 | Vegetation data

The depth of soil water uptake depends on the species (Fern�andez et al., 2008; Kulmatiski et al., 2010). Thus, species
composition, of both targeted and surrounding species, must always be reported, and for agricultural studies also the
variety and rootstock. Other useful observations and measurements are rooting depth, vegetation structure and growth
(plant cover, leaf area index, plant height, basal area, dendrometric measurements), and plant physiological status (leaf
and stem water content or water potential, transpiration rate). Estimation of maximum rooting depth is particularly
useful, and this is most often done via manual excavation and visual inspection. The determination of rooting depth is
challenging in sites where the roots of the vegetation (trees and shrubs mainly) extend beyond 10 or 20 m deep
(Canadell et al., 1996). However, this should not discourage the application of water isotopic analyses to study vegeta-
tion water use in sites where rooting depth is unknown and deeply rooted species dominate (e.g., Matheny et al., 2017;
Miguez-Macho & Fan, 2021). Furthermore, one must be aware that root presence does not necessarily imply active root
water uptake (S. F. Wang et al., 2023), but soil layers without roots can be ruled out as potential sources. Leaf and stem
water potential, measured commonly with the Scholander pressure chamber, (see Rodriguez-Dominguez et al., 2022 for
a detailed experimental review of the methodology, and see also Section 3) provide information on plant water status

TABLE 1 Summary of necessary and recommended ancillary data for isotopic studies on plant water uptake.

Data type Necessary Recommended

Location and timing Latitude, longitude, elevation, climate type, sampling
dates, irrigation regime (if applicable)

Topology (slope and aspect), land use, and
management history, size of the study area

Soil Soil water content, soil depth, soil texture (mineral
fraction), total carbon content and/or soil organic
matter (SOM) content

pH, soil type, cation exchange capacity (CEC), soil
matric potential, soil temperature, soil agricultural
management (if applicable)

Vegetation Species (including variety and/or rootstock for
agricultural studies), phenology and/or length of the
growing season, leaf/stem water content

Rooting depth, leaf/stem water potential,
transpiration, vegetation structure (height, basal
area), radial growth rate, tree water deficit (TWD),
wood parenchyma fraction, leaf area index (LAI)

Atmospheric
and meteorologic

Isotopic composition of precipitation, irrigation water,
throughfall and stemflow (when applicable) (local
meteoric water line, LMWL); annual or growth
season mean of precipitation and air temperature

Water table depth and isotopic composition of
groundwater (if accessible by the vegetation), air
relative humidity, solar radiation, cloudiness, snow
depth (if applicable), seasonal and/or monthly
precipitation and air temperature
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and signal stress occurrence (Barbeta et al., 2020; Hahm et al., 2020). For trees, plant water status can be inferred from
tree water deficit monitored with continuous band or point dendrometers (Nehemy et al., 2021; Zweifel et al., 2016).
Leaf and stem water content also respond to water stress, although less so (Merchant et al., 2007). The advantage is that
water contents can easily be calculated from sample weights before and after CVD (Section 3). Transpiration measure-
ments are particularly valuable as they allow the calculation of absolute water uptake rates from fractions
(e.g., Deseano Diaz et al., 2023) and are useful to parametrize or calibrate ecohydrological models (Smith et al., 2022).
Estimates of transpiration can be obtained from leaf gas exchange measurements (Querejeta et al., 2021) or sap flow
measurements (e.g., Muñoz-Villers et al., 2018; Vandegehuchte & Steppe, 2013). Finally, it is useful to provide informa-
tion on plant traits related to plant water use strategies, such as water-use efficiency, hydraulic conductivity, or specific
leaf area (Illuminati et al., 2022; Rosas et al., 2019).

2.1.3 | Atmospheric and meteoric data

A site-specific local meteoric water line (LMWL) should be reported (Table 1). When the isotopic composition of precip-
itation cannot be obtained locally, data from a nearby site (although often limited to monthly time scale) or published
datasets (e.g., IAEA's Global Network of Isotopes in Precipitation) can be used. For studies in agricultural or urban set-
tings, the irrigation regime should be reported, and samples of irrigation water should be collected for isotopic analyses.
It is also useful to provide information on the depth of groundwater and its isotopic composition because this can be an
important source for plant water uptake (Barbeta & Peñuelas, 2017).

The site description should include typical meteorological data (e.g., air temperature, precipitation amount), which
aligns with the sampling interval of plant and soil water sampling (Table 1). Other variables describing atmospheric
conditions that are useful for the interpretation of isotope-derived plant water use strategies are air relative humidity
and temperature (to calculate the vapor pressure deficit), incoming radiation, wind speed, potential evapotranspiration,
cloud cover, and snow cover.

2.2 | Sampling strategy

We recommend that two overarching principles and a series of questions guide the sampling strategies:

i. the sampling design should capture the expected variability in water isotopic composition over space and time
(Section 2.2.1);

ii. sample collection should consider the subsequent sample processing in the laboratory.

In the following subsection, “sample” applies exclusively to those collected for the analyses of δ2H and δ18O and
“sampling strategy” refers, first, to the sampling technique (tools and material used for collection, volume sampled, etc.)
and second, to the design (sampling duration and frequency, number of replicates, lateral and vertical resolution,
extent, etc.). The sampling technique will be dictated by the nature of the sampled material and should take into
account the methodology used for processing in the laboratory. Meanwhile, the sampling design will be driven by the
objectives of the study and constrained by the time and financial resources available, site characteristics
(e.g., accessibility, climate, and landscape characteristics), and local regulations.

2.2.1 | Sampling design

How often and when to sample?
The number of plant samples and soil profiles collected over the study period will depend on the study's objectives
(e.g., discarding the use of stream water, Dawson & Ehleringer, 1991), on the phenology of the dominant vegetation
type (e.g., evergreen Nehemy et al., 2022, versus deciduous species, Hahm et al., 2020 or dry-deciduous species, Muñoz-
Villers et al., 2018) and on the variability in the vegetation, soil, and hydrological parameters of the system
(e.g., groundwater uptake might vary seasonally across species, Cramer et al., 1999). For inferring patterns of vegetation
water use, plants and soils need to be sampled concurrently. Collection of soil or plant samples during rainy days
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should be avoided. The isotopic composition of shallow (0–30 cm) soil water is more likely to vary over time, as it is
subject to evaporative enrichment and mixing during and after small precipitation events than deeper soil water
(Barbeta et al., 2019; Xiang et al., 2021). Sampling every 2–4 weeks throughout the growing season (the period of the
year when low temperatures, in temperate and boreal regions, and/or water availability, in arid or semi-arid regions, do
not impose critical limitations to the physiological activity of the vegetation) should suffice to characterize the temporal
variability in the soil and plant water isotopic composition (see, e.g., Yang et al., 2015, where increasing the sampling
frequent did not reveal additional temporal variability). The sampling frequency should be adjusted to the local meteo-
rological conditions. During rainy periods and around sporadic precipitation events, sampling should be performed
before and as close as possible to each precipitation event, and every 4–7 days during the 2 weeks immediately after a
precipitation event, when evaporative enrichment is likely to affect soil water. In contrast, in the middle of prolonged
periods without precipitation, evaporative enrichment should not have a large impact (since the upper soil would be
dry) and sampling frequency can be reduced to every 3–6 weeks (Barnes & Allison, 1983; G�omez-Navarro et al., 2019;
Mahindawansha et al., 2018). In addition, factors such as the frequency, intensity, and type of precipitation (snow
vs. rain), the rate of infiltration and percolation, and plant water transit time or sapflow velocity might also be needed
to be considered (Nehemy et al., 2022).

The time of the day is not critical for sampling soils for isotopic analyses. This is because soil water isotopic compo-
sition depends on incoming precipitation and evaporative enrichment that usually change soil water isotopic composi-
tion over several days (Kübert et al., 2020). In contrast, the isotopic composition of plant water pools could vary over a
single day (De Deurwaerder et al., 2020; Martín-G�omez et al., 2017). For studies where the goal is to characterize vege-
tation water use over seasonal scales and beyond (i.e., over weeks, months, or years), we recommend sampling plants
between mid-morning (2–3 h after sunrise) and solar midday. During that period, plants have been actively transpiring
for a few hours, but leaf and stem water potentials have not reached their minimum and thus remobilization of stored
water is less likely, particularly in large trees (Treydte et al., 2021). Ideally, prior knowledge about water transit times
(that is of sapflow velocity) and when transpiration flux peaks would help identify optimal time of the day for sampling
(Muñoz-Villers et al., 2018).

How to determine the spatial extent and resolution at a sampling site?
The depth of the sampling profile should comprise all soil layers from the surface until the maximum rooting depth,
hence all potential sources for relative root water uptake (RWU) (Liebhard et al., 2022), although determining maxi-
mum rooting depth is challenging, and nearly impossible in practice for deep-rooted trees species (e.g., Fan et al., 2017).
However, indirect proxies of maximum rooting depth can be obtained from the literature, at least for general plant
functional types or global regions (Cabon et al., 2018; Stocker et al., 2023). The resolution for vertical sampling should
be higher (every 5 or 10 cm) in the upper soil (0–30 cm below the soil surface, de la Casa et al., 2022), where the isotopic
composition of soil water is most variable, than in deeper soil layers (every 10 or 20 cm below 30 cm depth). Additional
samples might need to be collected from other intermediate depths when changes in soil texture are detected. Albeit at
a lower resolution, samples from deeper soil layers should be collected, because they often contribute to RWU
(e.g., Muñoz-Villers et al., 2018). Besides, waters from different precipitation events generally mix in the deep soil
(although see Sprenger et al., 2019), thus characterizing deep soil isotopic composition is relevant for regions where the
isotopic composition of precipitation varies seasonally. Sampling of deep soil water is also important at sites where cap-
illary rise of groundwater can occur (Dawson, 1993). Where the first analyses of the isotopic composition of deep soil
water reveal a low intra-horizon variability, the vertical sampling frequency can be reduced in the following sampling
campaigns.

The terrain, vegetation cover, and soil heterogeneity, as well as the spatial scale of the study, determine the lateral
extent of the sampling, that is, the number of vertical profiles to be collected. One vertical profile may perhaps suffice
in a flat grassland with a homogeneous soil and vegetation cover, but to characterize a steep, heterogeneous forest, mul-
tiple profiles should be collected from several locations. In many studies, samples are taken from at least 3–5 locations
(e.g., under and in between trees, in uphill and downhill locations, or in wet and dry areas in the riparian zone;
e.g., Diongue et al., 2023). In heterogeneous landscapes, the variability among soil profiles will be driven by factors such
as the preferential entry of isotopically enriched stemflow around superficial roots, tree cover, aspect, microtopography,
distance to a stream or a road (e.g., Goldsmith et al., 2018; Moreno-Gutiérrez et al., 2012; Palacio et al., 2017; Pinos
et al., 2022; Querejeta et al., 2021). At the beginning of the campaign, it is recommended to collect several (i.e., at least
2–3) replicate samples for each soil profile to characterize the lateral variability in the isotopic composition of the water
within each soil layer. For heterogeneous landscapes, the sampling effort could be optimized by having more profiles in
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the upper soil than the deeper soil. However, very few studies so far have investigated the number of samples that are
needed to characterize the horizontal heterogeneity of soil water isotopic composition (Penna & van Meerveld, 2019).

For vegetation samples, the choice of sampled individuals must be based on the research question and the variabil-
ity in vegetation at the study site. For example, to characterize the seasonal RWU in an even-aged monospecific forest
stand, grassland, or crop, it may suffice to sample five evenly spaced individuals per campaign. Where multiple species/
varieties and/or age cohorts coexist, several individuals (3–5) of each group should be sampled. In addition, in heteroge-
neous landscapes, additional groups of individuals should be sampled if this heterogeneity affects soil water status and
isotopic composition (e.g., distance to stream, aspect, or contrasting topography; Goldsmith et al., 2018).

2.2.2 | Sampling techniques

Soil sampling
The hand auger is the most used tool to collect soil samples from a profile. Auger types vary in diameter (typically 25–
75 mm) and in whether they include a closed or open bucket system. Both manual and powered augers can be used,
depending on soil hardness. However, exposure of the obtained soil samples to the air should be minimized to avoid
evaporation, and therefore artificial isotopic enrichment of the soil water. The disturbance to the soil structure is greater
when holes or small trenches are dug to obtain soil samples. However, this methodology enables additional measure-
ments, for example, the estimation of rooting depth or installation of sensors to monitor SWC, SWP or soil temperature.

To minimize the number of sample handling steps, and thereby reduce the possibility for isotopic enrichment, the
container that is used to store the sample will be, ideally, the same one as the one that will be used during water extrac-
tion or measurement (see Section 3) (Millar et al., 2022). For example:

• when using the water-vapor equilibrium technique, the soil should be collected directly into a sealable, inflatable,
and evaporation-tight bag (L. I. Wassenaar et al., 2008) (see Section 3.1.2). These bags should be made out of metal-
lined plastic (not plastic alone, Millar et al., 2022);

• for the centrifugation method, soil can directly be put in air-tight sealed centrifuge tubes (Adams et al., 2020, see
Section 3.1.5);

• for CVD, soil should be collected in the vials that fit into the sample holder that is attached to the vacuum line. It is
crucial to select the appropriate vial size as sample holder sizes vary depending on the configuration of the extraction
line (e.g., 12 mL exetainer or 50- to 100-mL glass vials, Koeniger et al., 2011, see Section 3.1.1). Vials should never be
overfilled to avoid the risk of sample explosion during extraction. In other words, always leave a small headspace in
the vial (10%–20% of the vial volume), particularly when sampling very wet soils.

The volume of the soil sample collected at each depth needs to be sufficient to yield an amount of water that can be
efficiently extracted and analyzed (or directly measured) in subsequent steps (1–2 mL, Diao et al., 2022). The amount of
water will depend on the SWC, so in very dry soils, it may be necessary to sample larger soil volumes. Furthermore,
some samples may require reanalyses or additional analyses, for example, to test for the presence of organic com-
pounds, which requires a larger volume. We recommend collecting measurements of SWC prior to sampling to calcu-
late the soil volume necessary to extract an amount of water sufficient for the targeted analyses.

Plant sampling
Here, we assume that the purpose of sampling plant tissues is to determine the isotopic composition of the plant water
that reflects the sources of root water uptake (Ehleringer & Dawson, 1992; Rothfuss & Javaux, 2017). Water absorbed
through the root cells is transported to the xylem, the conductive plant tissue that transports water and minerals
(i.e., sap) from the sites of uptake, the roots, to the sites of evaporation, the leaves. Thus, the goal is to sample tissues,
from which we can extract unenriched xylem sap water. Xylem sap water is typically obtained from stems, twigs, or
roots that in principle are not subject to evaporative enrichment (although see Martín-G�omez et al., 2017).

The specific plant sampling considerations will depend on the anatomical differences between woody species (trees,
shrubs, and other plant functional types with suberized stems) and nonwoody species (grasses, herbs, or nonvascular
plants). The amount of plant material sampled needs to be sufficient to extract at least 1–2 mL of water. This becomes
especially relevant when CVD is used to extract the water, as samples that yield <0.6 mL can be subject to methodologi-
cal artifacts (Diao et al., 2022). Again, additional water volumes could be required for reanalyses or for additional
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analyses, for example, to test for the presence of organic compounds (Martín-G�omez et al., 2015). Assessing the relative
water content of plant samples is a useful practice to ensure adequate volumes of water are available for extraction, but
the amount of water extracted will vary with plant water status (Merchant et al., 2007).

Woody species: Xylem sap in woody plant species is enclosed within suberized and/or lignified tissues that physically
separate sap from the air and thus prevent evaporative enrichment. Dawson and Ehleringer (1993) established the sam-
pling protocol that is still most widely used. This protocol prescribes that (i) sampled stem segments should be at least
10–15 leaf nodes away from the stem's tip to avoid back-diffusion of enriched leaf water into xylem water, and
(ii) phloem and bark should be removed before placing samples into the containers to avoid the inclusion of potentially
enriched water. Bark and phloem are also more likely to contain organic compounds that could be co-distilled during
the extraction process and result in spectral interference (see Section 4.2.2). Alternatively, for trees and shrubs, one can
collect stem wood cores or woody tissues from roots where water is less likely to have undergone evaporative enrich-
ment (Barbeta et al., 2020). However, in tree trunks or in large branches and roots, and especially for ring-porous tree
species (Delzon et al., 2004; Poyatos et al., 2007), water transport may occur only in the first millimeters below the bark,
thus the central part of the trunk should be avoided. Also, water from individual roots may represent only the water
that was accessed by those roots. Hence, when possible, roots from different parts of the plant should be collected. This
is particularly important when sampling plants in desert or semi-arid environments, where plants can exhibit hydraulic
segmentation (Schenk et al., 2008) and certain branches can be preferentially linked to roots located at specific soil
depths (Espino & Schenk, 2009). Further caution is required when sampling small individuals or endangered or protec-
ted species, for which sampling roots or stems can damage individuals irreversibly.

Nonwoody species: Nonwoody plants lack protective tissues that isolate xylem water from evaporative enrichment.
Therefore, sampling requires either locating nontranspiring tissues or avoiding evaporation prior to sampling. Nonwo-
ody species can be classified into two major groups that differ anatomically: monocotyledonous or monocots (grasses)
and dicotyledonous or dicots (forbs, herbs, legumes, and others). For both monocots and dicots, underground tissues,
such as root collars, underground runner stems (stolons), tubers, rhizomes, or bulbs that have not undergone evapora-
tive enrichment, should be sampled, when possible. However, some of these (e.g., bulbs, tubers, or rhizomes) serve as
storage organs, and thus their isotopic composition can be a mixture of sources that can vary over time. For vegetative
(nonreproductive) monocot grasses, the base of the tiller (pseudostem) of the plant should be sampled (see Figure 1 in
Liu et al., 2017) and excised from its protecting leaf sheath (Barnard et al., 2006; Hirl et al., 2019). Note that, depending
on the vegetative stage, the tiller consists of one or several “stems,” which are formed by the addition of nodes
(branching points with leaves) and unelongated internodes. In dicot herbs, it is more difficult to access unenriched tis-
sue water since the stem cannot be separated from its leaf sheath. In this latter case, two methodologies are possible
and should be tested, preferably simultaneously: (i) sampling of photosynthetically active (i.e., green) material from a
stem section (internode) or petiole near the root crown; and (ii) covering a stem section (or petiole) using Parafilm®

and aluminum foil to prevent evaporation and sampling that section at pre-dawn a day later (Hirl et al., 2019). Either
way, sampling non-woody plants for isotope analysis usually involves destructive harvesting of the individuals.

Leaves: Leaf water is exposed to evaporative enrichment, with the degree of enrichment depending on the leaf's
microclimate. This results in a higher spatial and temporal variability, both between and within individuals, compared
to xylem water (Goldsmith et al., 2018). More importantly, in the leaf, several pools of water co-exist with mesophyll
and vein (xylem) water. Leaf mesophyll water is in contact with the sites of evaporation and therefore its isotopic com-
position is more strongly affected by kinetic fractionation than leaf vein water (Cernusak et al., 2016). Furthermore,
enriched mesophyll water mixes via back diffusion with vein water; therefore, it is not easy to infer source water from
bulk leaf water. However, it has been recently proposed that by using the known effect of isotopic enrichment due to
evaporation (Craig & Gordon, 1965), plant source water can also be inferred from leaf water (Benettin et al., 2021). This
indirect method requires additional input variables (see Benettin et al., 2021, for further details) and parameterization
of the processes driving isotopic enrichment within the leaf water pools (Bowen et al., 2018). Therefore, for inexperi-
enced users, we recommend collecting unenriched plant tissues. Only when sampling of twigs, stems or roots is not pos-
sible, sampling leaves may be considered an alternative. The high concentration of organic compounds that can be co-
distilled when extracting leaf water (see Section 4) means that the use of isotope ratio mass spectrometers (IRMS)
instead of laser-based analyzers is recommended when analyzing leaf water for isotopic composition. However, organic
compounds can skew measurements conducted with an IRMS as well if the concentrations of these compounds are
high (Martín-G�omez et al., 2015).
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2.2.3 | Storage and transport

On-site (short-term) storage, transport, and long-term storage of the soil and plant samples should be carefully orga-
nized to minimize artifacts due to evaporative enrichment (Fischer et al., 2019). The best materials for collection, stor-
age and transport of samples are glass or HDPE plastic vials with polymer screw caps, compatible with the extraction
methods of choice. To avoid evaporative enrichment, vial headspace should be minimized (i.e., the ratio of sample to
headspace in the sampling vial or bag should be as big as possible), but some headspace is needed to avoid sample
explosion during CVD (see Section 2.2.2). The use of an icebox or electric cooler—if power is available on site—is rec-
ommended for storage in the field and during transport. Once in the laboratory, traditionally, samples for isotopic ana-
lyses are stored at temperatures below zero to stop evaporative enrichment, evaporation and condensation within the
sample vial, and biological processes (e.g., fermentation). However, freezing and thawing associated to sample handling
can damage soil microstructures and cause plant cell wall bursting, enhancing issues with organic compound extraction
(Fischer et al., 2019; Millar et al., 2018). Therefore, we recommend considering storage in a refrigerator at 4–6�C for
samples processed within relatively short time-spans (2–8 weeks since their collection in the field). Storage in the refrig-
erator should be done when we aim to extract specific plant water pools and compare them isotopically (e.g., plant
xylem vs phloem water, Nehemy et al., 2022) using adapted methods (e.g., Cavitron vs. Scholander pressure chamber,
see Section 3), or when specific sample processing is required (e.g., separation of leaf veins, bark removal, preservation
of soil microstructures). Importantly, in the refrigerator, evaporation and condensation can occur within the vial, hence
for samples stored in the refrigerator aimed for CVD (see Section 3), the cap of the sample vial might need to be incor-
porated into the extraction vessel. In contrast, freezing might be more suitable for samples that are meant to be
extracted with CVD and need to be stored for longer time periods or that are subject to transformations due to the activ-
ity of microorganisms (especially high in samples from warm and wet places). Finally, issues and artifacts associated to
storing samples at temperatures below zero are less likely to impact results when water is extracted with CVD and the
isotopic composition is measured with IRMS.

FIGURE 1 Decision-tree or flowchart (updated and based on West et al., 2011), showing the alternative pre- and post-processing steps

to deal with spectral interference during isotope-ratio infrared spectrometer (IRIS)-based analysis of liquid water extracted from plant and

soil samples. The steps not considered in the flow chart presented by West et al. (2011) are highlighted in bold with a gray background.

Boxes depicted with dashed lines indicate steps that require additional experiments beyond the IRIS analyses.
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3 | WATER EXTRACTION TECHNIQUES

This section describes and evaluates the most common laboratory-based (Section 3.1) and in situ (Section 3.2) water
extraction methods for soil and plant samples. Given the differences in the performance of the various extraction tech-
niques (see Sections 3.3 and 3.4, and Table 2), the choice of extraction technique is ideally based on the suitability of
that technique for a particular soil and/or plant sample and the type of extracted water (e.g., bulk vs. mobile soil water).
In practice, many other factors need to be considered, such as the availability of resources (funding, time, and labor),
the number of samples to be analyzed, and the type of equipment available in the laboratory. It is therefore not possible
to provide straightforward recommendations for the selection of an extraction technique. CVD and high-pressure
mechanical squeezing (HPMS) are, for example, quite cost- and labor-intensive, but may be slightly more suitable for
soils with a low water content than the cheaper microwave extraction or the water vapor equilibration technique that
generally require a larger sample volume or higher soil water content (SWC). Extraction artifacts exist for all methods,
although artifacts have not been studied to the same extent for each of them. Accordingly, additional limitations not
listed here could arise, including the co-extraction of organics that can cause spectral interferences (see Section 4).
Awareness of the limitations and benefits of the different methods (see Table 2) can help inform the experimental
design based on the available resources and equipment.

3.1 | Laboratory-based extraction methods

3.1.1 | Cryogenic vacuum distillation

CVD is the most widely used technique to obtain liquid water from plant and soil samples (Amin et al., 2020). CVD has
been applied in many studies, compared across laboratories worldwide, and tested against other extraction methods
(Millar et al., 2018, 2019; Orlowski et al., 2018; Orlowski, Pratt, et al., 2016). The protocol for CVD is described in detail
in West et al. (2006) and Orlowski et al. (2013), but in short, the sample is placed in an extraction unit (e.g., Exetainer®

vial, glass unit) and connected (usually via stainless steel capillaries) to a collection unit (usually a glass-collection
tube), where the extracted water is collected. This closed system is evacuated at pressures ranging from 0.13 to 13 Pa to
decrease the boiling point of water and to facilitate the sublimation of the bound water (Koeniger et al., 2011; Orlowski
et al., 2013). The extraction unit is heated; with a water bath, sand bath, or controllable heating blocks; and the water
vapor is collected in the collection unit, which is submerged in liquid nitrogen (cold trap). Since the extraction process
follows a Rayleigh distillation process, extraction efficiency needs to be >98% to avoid isotopic fractionation (Aragu�as-
Aragu�as et al., 1995). Optimally, three to five replicates per sample are extracted (Millar et al., 2018; Orlowski
et al., 2013). However, this is challenging in plant types with a low water content, such as grasses. The completeness of
the extraction for a particular sample is checked by comparing the sample weight after extraction and subsequent oven
drying at 105�C for 24 h (Box 1).

There are multiple ways in which a CVD system can be set up (Amin et al., 2021; Koeniger et al., 2011; Orlowski
et al., 2013; West et al., 2006). Furthermore, different studies have used different vacuum pressures, extraction tempera-
tures, and extraction times (Orlowski et al., 2013). These differences can result in substantial differences and limit the
reproducibility among laboratories (Orlowski et al., 2018). Reporting these parameters of the extraction setup is thus
essential for the interpretation of the results.

Compared to other techniques CVD is generally labor- and cost-intensive (Kübert et al., 2020), sensitive to handling
errors and, under certain circumstances, subject to co-extraction of organic contaminants. Research over the past
decade has revealed that extraction artifacts can create substantial bias in the obtained isotope values, for both plant
and soil samples (Gaj et al., 2017; Millar et al., 2018; Orlowski, Breuer, et al., 2016).

3.1.2 | Water-vapor equilibration technique

The water-vapor equilibration technique, first introduced by L. I. Wassenaar et al. (2008), combines a headspace equili-
bration method with IRIS. A plant or soil sample is placed in a sealable, inflatable, gas-tight bag (usually a double res-
ealable zipper storage bag or laminated aluminum bag) to create a closed system. The choice of material and closure
system are important, as certain bags are not evaporation-proof and allow evaporative enrichment during the
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equilibration phase (Gralher et al., 2021; Hendry et al., 2015). The bag is inflated with dry synthetic air and left for a suf-
ficient amount of time at laboratory temperature, usually 3–6 days for soils (Mattei et al., 2019; Orlowski et al., 2019;
Orlowski, Pratt, et al., 2016; L. I. Wassenaar et al., 2008) and 24 h for plants (Millar et al., 2018; Santos Pires
et al., 2022), to ensure that the liquid water in the sample and the vapor in the headspace are in equilibrium in terms of
vapor concentration and isotopic composition. After equilibration, the bag is punctured with a needle (through a previ-
ously applied silicon septum) that connects the bag to an IRIS gas inlet port for direct vapor isotope analysis. The

TABLE 2 Overview of characteristics of the most common water extraction techniques and appropriateness of the technique for soil and

plant samples.

Cryogenic
vacuum
distillation

Water-vapor
equilibration
technique

Microwave
extraction

High-pressure
mechanical
squeezing Centrifugation

Labor

Costs

Required
equipment

Time per sample
Equilibration time can take
up to several days, actual
measurements are fast

One sample at a
time; time
depends on
initial water
content of
sample

Sample volume and
water
content required

Water content >5% Water content >8% Water content >8%

Extraction artifacts
Sensitive to
handling errors

Not known yet

Co-extraction of
organics*

Strength of soil
water extraction

Suitability for soils
Less suitable for
clayey soils

Problematic for soils with low
water content; may not
work as well for soils rich in
silica, aluminum and other
clay minerals

Problematic for soils
with low water
content; lower
precision for silty
sands and clayey
loams

Distinct differences
for clayey soils,
but well-suited
for silty sands
and clayey loams

Suitability for
extraction of
xylem water
(low = only bulk
water extracted)

Depending on
method, it allows
separate
extraction of
xylem water

Suitability for
plants High levels of

co-extracted
organics

Affected by co-extracted
organics, short storage
times

Low precision
(spring wheat)

High levels of
co-extracted
organics

Unsuitable for
plant species with
high levels of
organics

Note: = low, = medium, = high. The main challenges of the techniques are indicated in italics.
*Too few studies have quantified the risk of co-extracting organics to differentiate between the methods. Further research is required to understand what kind
of organics are extracted from plant and soil samples using each extraction technique.
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isotopic composition of the pore water is calculated from that of the vapor measured with a laser spectrometer using a
temperature-dependent equilibrium fractionation value. Importantly, these measurements need to be calibrated with
isotopic measurements of water standards measured using the same protocol. Hendry et al. (2015) reported precisions
for this method of ±2.1‰ for δ2H and ±0.4‰ for δ18O values using a Picarro L2120-i laser spectrometer. In contrast,
Orlowski, Pratt, et al. (2016) reported lower accuracy for silty sand (SD of 0.9‰–3.6‰ for δ2H and 0.5‰–0.7‰ for
δ18O) and clayey loam (SD of 1.5‰–6‰ for δ2H and 0.4‰–1.4‰ for δ18O), with varying SWC (8%, 20%, and 30%).
Recent studies have investigated the use of different bag types (Gralher et al., 2021; Hendry et al., 2015; Mattei
et al., 2019), the effects of equilibration times for different soil types (Vadibeler et al., 2022), the application to plant
material (Millar et al., 2018, 2019; Santos Pires et al., 2022), and bias-corrections to account for biogenic gas accumula-
tion or carrier gas changes (Gralher et al., 2016, 2018; Hendry et al., 2011). This method requires manual injections, but
it allows for a good daily sample throughput because it takes only �10 min per sample. The maximum sample storage

BOX 1 Calculation of the extraction efficiency for cryogenic vacuum distillation

To check whether extraction was complete or whether it is likely that fractionation occurred during extraction,
it is good practice to calculate the extraction efficiency. This is a multi-step approach, starting with weighing
the sample and container directly after collection in the field (mfield). The sample and container are weighed
again just before extraction (mpre) to check if any water was lost between collection and extraction (mloss):

mloss ¼mpre�mfield:

The extraction vial with the sample material (mextr-pre, which is the same as mpre if the same container is
used for collection and extraction) and the (still empty) collection vial (mcoll-pre) are weighed before extraction
(or collection) and following the extraction (mextr-post and mcoll-post) to calculate how much water was extracted
from the sample (mextr):

mextr ¼mextr-pre�mextr-post:

and collected in the collection vial (mcoll):

mcoll ¼mcoll-pre�mcoll-post:

After the vial with the sample is dried in an oven at 105�C for at least 24 h and weighed again (mextr-dried),
the total amount of water that was originally in the sample (mtotal) can be calculated:

mtotal ¼mextr-dried�mfield:

These weights allow us to calculate the extraction, collection, and total extraction efficiency:

Eextr¼ mextr

mtotal
�100%,

Ecoll¼mcoll

mextr
�100%,

Etot¼ mcoll

mtotal
�100%:

A total extraction efficiency less than 98% indicates incomplete (i.e., failed) extraction and likely isotopic
fractionation of the original sample.
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time varies between days and weeks (Gralher et al., 2021; Hendry et al., 2015), depending on the type of bag used and
the type of sample material. The main strength of this technique, however, is that water is not physically extracted from
a solid sample and instead is passively equilibrated with the surrounding headspace. Therefore, liquid water extraction-
related fractionation processes are avoided. Fractionation during storage can potentially be corrected, provided that
water loss and temperatures are recorded. However, this method requires a minimum volumetric soil moisture of 5%
(L. I. Wassenaar et al., 2008) or a water volume of at least 2 mL in the bags (Gralher et al., 2021). The main weaknesses
of the technique are (1) lack of a common standard operating procedure (e.g., regarding the required amount of soil/
water/plant material, equilibration times, bag types, preparation of standards, Gralher et al., 2021; Vadibeler
et al., 2022); and (2) spectral interferences caused by organic contaminants, similar to other extraction techniques
(Gralher et al., 2016, 2018; Hendry et al., 2011; Millar et al., 2021). Furthermore, the method may not work as well for
soils rich in silica, aluminum and other clay minerals, as Lin and Horita (2016) identified artifacts caused by non-equal
equilibrium isotope fractionation for a silica adsorbed soil pore water–water vapor system, and a bulk liquid water–
water vapor system.

3.1.3 | Microwave extraction

The protocol for extracting water using microwave ovens has been developed since 2000 (Fl�orez et al., 2015; Sparr
Eskilsson & Björklund, 2000). Munksgaard et al. (2014) were the first to use the method for the analysis of soil, plant,
and insect water isotopic composition in combination with IRIS. To extract the water vapor, plant (5 g) and soil (25 g)
samples are placed in a sealed glass vessel in a modified domestic microwave oven (see e.g., Munksgaard et al., 2014).
The water vapor is extracted into a dry air stream using microwave radiation. The evolving vapor passes through a
cooled condensation chamber, which regulates the vapor concentration and flow to the IRIS instrument. A microwave
power of 300 W is applied for 15 min (Millar et al., 2018; Munksgaard et al., 2014; Orlowski, Pratt, et al., 2016), which
is equivalent to an extraction temperature of �60–80�C (Millar et al., 2018). The δ18O and δ2H values for the extracted
water vapor are obtained by integrating the isotopic values over the whole analytical cycle (Munksgaard et al., 2014).
Drift corrections and calibrations are based on runs with in-house liquid water standards (Millar et al., 2018; Orlowski,
Pratt, et al., 2016). Munksgaard et al. (2014) reported a precision of 2‰ or better for δ2H and 0.3‰ for δ18O, for sandy
soil. However, this precision could not be replicated by Orlowski, Pratt, et al. (2016) for silty sand and clayey loam, nor
by Millar et al. (2018) for different parts of spring wheat plants. This variation in precision among studies and sample
types highlights the need for users to determine the precision of the method for their own samples.

The advantages of the method are that it involves a relatively simple setup, is rapid (�20 min per sample), and rela-
tively cheap. However, the method is problematic for soils with a low SWC (<8%), as extracted water shows enriched
isotopic values. Also, for this method, the co-extraction of volatile organic compounds with the desired water can affect
the isotope measurements (Brand et al., 2009; Leen et al., 2012; West et al., 2010).

3.1.4 | High-pressure mechanical squeezing

HPMS has been applied to soil samples and, to a lesser extent, to plant samples since the 1960s (Eichler, 1966; Kelln
et al., 2001; Mazurek et al., 2015; Millar et al., 2018; Orlowski, Pratt, et al., 2016). HPMS uses physically constrained
high-pressure to compress the sample, mechanically forcing the water out. Typical HPMS systems have the following
components: a sample chamber, a baseplate with an outlet port connected to a collection receptacle, a filtration disk, a
piston used in sample compression, and a hydraulic press (for schematic examples, see Böttcher, 1997; Mazurek
et al. 2015). HPMS is thought to extract mobile and loosely bound water from soils and bulk water from plant samples
(Millar et al., 2018; Sprenger et al., 2015). The extraction conditions, amount of sample required, and water recovery
rates are dictated by the type of sample and its initial water content. Extraction conditions range between 10 and
70 MPa over 24 h for wet samples (clay, plant material at 15%–65% water content) with recovery rates of 8%–33% (Kelln
et al., 2001; Mazurek et al., 2015; Millar et al., 2018).

HPMS is labor-intensive (one sample/per chamber/per extraction period), so it is not practical for large sample sets
because it would require several individual HPMS systems (costly) or unacceptably long processing times (Kelln
et al., 2001; Millar et al., 2018; Sprenger et al., 2015).
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3.1.5 | Centrifugation

Centrifuge extractions of soils for water extraction date back to the 1960s (e.g., Davies & Davies, 1963; Zimmermann
et al., 2013). The methodology was originally developed to obtain a solution for the analysis of the chemical composi-
tion of the soil water. Peters and Yakir (2008) were the first to use this technique to extract leaf water for isotopic analy-
sis. The soil or plant material is placed within modified centrifuge tubes, with or without filter tips, and placed in a
centrifuge (e.g., Adams et al., 2020; Bowers et al., 2020; Geris et al., 2015; Orlowski et al., 2019; Orlowski, Breuer,
et al., 2016; Peters & Yakir, 2008; S�anchez-Murillo et al., 2023; Thibault & Sheppard, 1992). Different extraction times,
temperatures, and centrifugal forces have been applied depending on the centrifuge type (e.g., rotor size) and soil/plant
type (Table A1). The extracted water is usually ready for immediate isotopic analysis but can be filtered if required. The
rotational velocity of the centrifuge (calculated from its radii and number of revolutions per minute) is physically
related to the energy applied to the soil sample and consequently, the pore size drained (Edmunds & Bath, 1976). Thus,
the relative centrifugal force can be converted to soil water matric potential based on soil physics (see Edmunds &
Bath, 1976; Figueroa-Johnson et al., 2007).

Centrifuge extraction is moderately time-efficient. Depending on the rotor size, �8–24 samples can be extracted per
round with an extraction time ranging from 10 to 240 min, depending on the water content and sample type. However,
similar to other lab-based extraction methods, centrifugation can co-extract organics (depending on the soil and plant
sample), which makes the method less suitable for plants (Millar et al., 2018). Centrifugation may also detach small par-
ticulate matter from woody tissues and the water sample may therefore require secondary centrifugation or filtration
(Millar et al., 2018).

Recently, a flow-rotor centrifuge has been used to extract the water in xylem conduits of woody stems (Barbeta
et al., 2022). This “Cavitron-style” centrifugation technique uses a different type of centrifuge than the above-mentioned
“standard” centrifugation technique and can only process one sample at a time (Barbeta et al., 2022; Duvert et al., 2022;
He et al., 2023). It requires larger intact plant samples, such as (5–10 cm long) intact branches or bundles of grass stems.
For the “standard” centrifugation extraction, small branches, leaves, or other herbaceous samples can be collected, and
are typically cut into smaller pieces before extraction. An important consideration for the Cavitron extraction is that in-
storage-vessel-mixing of the various isotopically unique plant water pools can occur if the samples are stored for extended
periods. To avoid this, samples collected for Cavitron extraction should be rapidly transported to the lab and undergo
extraction as soon as possible (i.e., on the same day or next day). Second, “Cavitron-style” centrifugation is based on the
induction of cavitation in the conduit water column by increasing its matric potential through centrifugation. It allows for
sequential extraction of different plant water pools by running the centrifuge multiple times at increasing speeds and col-
lecting the extracts in between the runs. The isotopic composition of extracted water with this technique matched that of
the irrigation water but not that of the bulk xylem water extracted via CVD, which had a lower δ2H (Barbeta et al., 2022).
Although further testing of this technique is required, so far, the absence of isotopic offsets between the source and plant
stem water is promising. The Cavitron centrifuge efficiency can differ depending on sample water content and the associ-
ated xylem matric potential, but centrifugation times should not exceed 10 min to avoid excessive evaporation during
spinning (Barbeta et al., 2022). This method also requires approximately 10 min to prepare the sample, including peeling
the bark from the stem extremes, sealing the open cuts in the central part of the stem with glue and fitting two collectors
at the two extremes of the stem using Parafilm®. The operational cost in terms of consumables should be decidedly lower
compared to CVD. The main drawbacks of this methodology are that it is only suitable for relatively long stem or branch
samples, that large branches also prevent the use of the common air-tight collection vials, and that it requires a Cavitron
within the vicinity of the sample collection sites, which is rarely available.

3.1.6 | Pressure chamber

For woody species, plant water can also be extracted using a Scholander pressure chamber (SPC) (Scholander et al.,
1964), an instrument initially developed to determine the water potential in plant tissues. A lignified twig is placed
inside the chamber with the cut end exposed to the atmosphere. Then, the pressure inside the chamber is increased by
injecting an inert gas (usually N2) until water is forced out through the cut end, from where the water is collected into a
vial using capillary tubes. This process that can take up to 10 min (Zuecco et al., 2022). Some researchers remove the
bark and the phloem tissue during sample preparation (Geißler et al., 2019; Magh et al., 2020), while others sample
intact twigs, even with leaves attached (Penna et al., 2013, 2021; Zuecco et al., 2022). The advantage of this method is
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that the SPC is available in many laboratories around the world and that the SPC can be transported to remote field
sites. However, only a limited amount of water can be recovered from stems, which restricts the application of SPC use
under water-limiting conditions. Very few studies have compared the isotopic composition of water extracted by CVD
and SPC, but those that have done so have found contrasting results. For instance, Geißler et al. (2019) observed no sig-
nificant differences in the δ18O for Acacia mellifera samples. On the contrary, Zuecco et al. (2022) found marked (and
in most cases significant) differences for alder, apple, chestnut, and beech trees. Also Bowers and Williams (2022) found
that SPC accessed a significantly distinct isotopic domain compared to CVD, whereby the difference in δ2H between
the two methods was significantly correlated to stem water content as well as the difference in δ18O. Based on these dif-
ferences and given the smaller volumes of water extracted by SPC than by CVD, Zuecco et al. (2022) argued that the
SPC method may extract only the more mobile plant water (i.e., xylem and inter-cellular water), whereas in CVD
the bulk plant water is extracted (Millar et al., 2018). Future research based on the SPC method should clarify the exact
water pool/s that are extracted, quantify organic contamination, and compare this extraction method with others
(e.g., Cavitron-centrifugation, HPMS, water-vapor equilibration, etc.).

3.2 | In situ methods for collecting soil water

Lysimeters, porous cups or plates, and passive capillary samplers (PCSs) allow for the collection of soil water directly in
the field. A comprehensive overview of the advantages and disadvantages of the different methods and techniques is
presented in Weihermüller et al. (2007). Here we provide a brief description of the techniques and the main aspects to
consider when deciding what to use.

Lysimeters are large vessels containing disturbed or undisturbed soil material, of various sizes (Pütz et al., 2018;
Reth et al., 2021). Water is collected at the lower boundary of the lysimeter, which is either set to a certain matric poten-
tial or a seepage boundary that allows the collection of the outflow when the soil is saturated. Various studies have used
lysimeters to investigate flow and transport processes (Asadollahi et al., 2020; Groh et al., 2018; Penna et al., 2021;
Stumpp et al., 2012). The benefit of lysimeters is that they can provide additional information about the flow rate. How-
ever, depending on the design and size, they can be costly, installation can be labor-intensive, and some require high
maintenance because controlling the conditions at the bottom boundary is challenging (Groh et al., 2016).

Suction cups/plates or other porous cups typically consist of a cylindrical, porous cup or plate (often made of
ceramic material) sealed to a tube and a sampling bottle (Geris et al., 2017; Weihermüller et al., 2007). The cups can be
inserted into the soil vertically, horizontally, or askew, and also function below the water table. When suction cups are
installed vertically or askew, protection measures need to be taken to avoid percolation of water along the outer hull of
the tube and suction cup, and thus mixing of precipitation with the sample of interest. In all cases, there is a need for a
good hydraulic contact between the suction cup and the surrounding soil. To extract soil water, a vacuum pump is con-
nected to the collection system and negative pressure is applied. Sampling can be done by: (1) continuously applying a
variable or constant negative pressure over time (e.g., �50 to �1 kPa applied over 1 week, Thomas et al., 2013), or
(2) applying stronger negative pressures over a short period (e.g., 10–30 min at �200 kPa, Geris et al., 2015, or 3 h at
�60 kPa, Orlowski et al., 2018). The required pressure can also be dynamically controlled and related to data from a
tensiometer that measures the actual soil water matric potential at the corresponding depth. There are various factors
that determine the amount of extracted water. Longer suction times result in larger quantities of water being extracted,
although this is limited by the overall SWC. The applied negative pressure impacts from which pores the water is
extracted, with more negative pressures extracting more tightly bound water from smaller pores. Finally, the soil type,
through its texture and hydraulic properties, affects how much water can be held in the soil and how tightly it is bound.
When installed in soils with very fine textures, the fine soil particles can clog the porous cup that may need to be
rewetted (with deionized water) to obtain a sample. Using too much negative pressure during sampling can result in air
entry into the porous cup that breaks the water column and impedes water flow.

Suction cups are low cost and the requirement for maintenance is moderate depending on the technical complexity
used and soil type. Different versions of suction cups are available on the market, which normally can extract water up
to �200 kPa (Geris et al., 2015). This can be a real limitation for isotope-based ecohydrological studies that aim at iden-
tifying water sources for plant transpiration (Penna et al., 2018; Sprenger et al., 2018), as suction cups cannot collect
water from even moderately dry soils (<200 kPa), and are far from reaching the lower limit of soil water availability
(�1500 kPa or lower, depending on the plant species and soil type; Tolk & Evett, 2012).The deepest installation depth
depends on the gravitational pressure differences that can be applied using a vacuum pump.
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Passive capillary (wick) samplers (PCSs) are simple devices that behave like a hanging water column and are used
for sampling soil water by gravitational potential. They were originally developed for the analysis of the hydrochemistry
of soil water and contaminant analysis (Brandi-Dohrn et al., 1996; Brown et al., 1989; Maeda et al., 1999), but have been
adopted for isotopic studies (Jacobs et al., 2018). A modified version is now also used for sampling snowmelt and does
not show any evidence of isotopic fractionation during snowmelt sampling (Frisbee, Phillips, Campbell, &
Hendrickx, 2010; Frisbee, Phillips, Campbell, Hendrickx, & Engle, 2010; Penna et al., 2014). PCSs are mostly custom-
made and vary in design, but they are typically based on a wick made of an inert material, such as fiberglass or rock
wool, connected to a collection bottle or chamber. One end of the wick is in contact with the undisturbed soil from
which the water will be collected. This allows water to be drawn from the surrounding soil without the need to actively
apply pressure (Frisbee, Phillips, Campbell, & Hendrickx, 2010). As with suction cups, one needs to ensure a good
hydraulic connectivity between the soil and the wick.

PCSs have not been used as widely as suction cups, because PCSs can only collect water from larger pores with a
much higher, near-saturation, matric potential compared to suction cups (0–6 kPa, see Holder et al., 1991). However,
PCSs have several advantages: they do not require maintenance, nor the application of external pressure to extract the
water (except for sample collection), and they always work, provided that there is mobile soil water and space in
the collection bottle.

3.3 | Additional considerations

3.3.1 | Soil water extraction

The soil matrix is a complex medium in which water is held at different pressures (matric potentials), depending not
only on water content but also on the pore sizes and physiochemical interactions at the solid–liquid interface. The dif-
ferent methods extract water from different fractions of the pore space, therefore, it is essential to know beforehand
which pool(s) of soil water is(are) of interest. Depending on the soil water matric potential and pore size, the available
extraction techniques access soil water held under an overlapping spectrum of matric potentials (Orlowski &
Breuer, 2020; Sprenger et al., 2015). Lysimeters, and similar approaches, collect water that is held in the wetter range,
with matric potential ranging from 0 to 102 kPa, depending on the boundary conditions applied (i.e., sampling free
draining water versus applying a suction with a vacuum pump; Adams et al., 2020; Sprenger et al., 2015). Laboratory-
based extraction methods (except for the water-vapor equilibration technique) sample all soil pore water with extraction
strength decreasing from CVD to HPMS (Sprenger et al., 2015). The benefit of using HPMS is that it allows the applica-
tion of increasing extraction pressures to obtain soil water held at different tensions. Furthermore, HPMS is thought to
be one of the most accurate extraction approaches for soil pore water based on comparison of the isotopic composition
of the extracted water with the known isotopic composition of the soil water (Orlowski, Pratt, et al., 2016). In contrast,
particularly large discrepancies in isotopic composition were observed for clay-rich soils extracted using centrifugation
(Figueroa-Johnson et al., 2007; Kelln et al., 2001) but centrifugation had the highest proficiency for a silty sand and a
clay loam soil type (8%, 20%, and 30% SWC; Orlowski, Breuer, et al., 2016).

Other key aspects to consider when determining the choice of extraction technique are the soil physiochemical
properties: pore size distribution, clay minerals, soil organic carbon content, organic matter content, SWC and potential
interactions with cations in the soil solution. All of these could influence the isotopic composition of the extracted
water, with the effects depending on the extraction method. Thus, it is critical to adapt the extraction conditions
(e.g., temperature and duration, applied pressure, sample volume) to the extracted material (Aragu�as-Aragu�as
et al., 1995; Gaj et al., 2017; Meißner et al., 2014; Orlowski et al., 2013; Orlowski, Pratt, et al., 2016). The effect of some
of these aspects have been discussed for the different extraction methods (see Section 3.1 and Table 2). However, the
effects of many of these aspects have not been investigated in detail yet, making it difficult to provide solid recommen-
dations for the choice of extraction method and conditions.

3.3.2 | Plant water extraction

Water pools in plant tissues (xylem, phloem, intracellular water, or bulk plant or tissue water) vary in their isotopic
composition (Barbeta et al., 2022; Treydte et al., 2021; A. Wang, Siegwolf, et al., 2021). The pool of interest determines
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which tissue should be sampled (see Section 2.2.2) and which extraction method is more appropriate. For example, the
CVD extraction of leaf water requires a different protocol due to its high spatial isotopic heterogeneity of the water pre-
sent in the different leaf tissues (see Cernusak et al., 2016; chap. 5.13 in Halbritter et al., 2020). Furthermore, a recent
study showed that the (hydrogen and/or oxygen) isotopic composition of bulk water extracted from woody samples via
CVD, or other methods that extract bulk water, differs from that of the plant's source water, particularly for δ2H (Chen
et al., 2020). Whether this bias is big enough to invalidate inferences drawn from these data, depends on the context,
for example, the magnitude of the bias relative to the signal one uses to draw inferences (Allen & Kirchner, 2022). Still,
there is no consensus on how the different pools contribute to the overall isotopic composition of bulk water (Barbeta
et al., 2022; Zhao et al., 2016). As mentioned previously, another key consideration is the co-extraction of volatile
organic compounds, which may occur with all extraction methods (also in situ), although laboratory-based extraction
methods (CVD, HPMS, and centrifugation) appear to be the most impacted (Millar et al., 2018). The water-vapor equili-
bration technique is also prone to organic contamination-induced errors due to the concentration of organic com-
pounds in the vapor headspace (Millar et al., 2021; Nehemy et al., 2019).

4 | ISOTOPIC ANALYSIS

The determination of the abundance of the hydrogen and oxygen isotopes (δ18O and δ2H) in the water extracted from
the plant and soil samples in the laboratory may seem like the most straightforward step of the process because there
are established protocols, validated instruments, and tools. However, even at this step, the researcher is faced with a
series of decisions that can impact the results. According to the most recent assessment of laboratory performance for
liquid water stable isotopes (IAEA WICO2020), the analytical performance depends on a combination of data normali-
zation procedures, including robust memory and drift corrections, working reference materials that are potentially com-
promised, underperforming instruments, and sample preparation templates (L. Wassenaar et al., 2021). These
conclusions differ from the previous assessment (IAEA WICO2016), where most errors could be pinned to skill and
shortcomings in knowledge (L. I. Wassenaar et al., 2018).

In this section, we describe common analytical procedures step-by-step (determined via an informal, geographically
limited survey, see Ceperley & Barbeta, 2023). Because contamination by organic compounds in water samples from
plants or organic-rich soils can hinder isotope determination with IRIS because of sensitivity to contaminants which
interfere with the spectra (methanol, ethanol, methane), and even IRMS when using certain methods such as pyrolysis,
which analyses any compound containing oxygen or hydrogen, or high-temperature conversion (Brand et al., 2009;
Martín-G�omez et al., 2015; Schultz et al., 2011), we address risk and mitigation strategies that can be applied both
before and after analysis.

4.1 | Run preparation and execution

4.1.1 | Instrument choice: IRMS or IRIS?

More than one approach exists to analyze plant and soil water. The first decision is between the two main technologies
for isotope analysis of water samples from plants and soil: IRMS or IRIS, though can both be used in multiple ways.
The emergence of IRIS-based isotopic analyzers has increased the number of studies that use isotope techniques to
investigate vegetation water use (see de la Casa et al., 2022). For this reason, we discuss more in-depth the use and limi-
tations of IRIS technologies in relation to plant and soil water analysis.

IRIS has become the most popular choice for analysis of water, whether directly or from plants and soil, since the
early 2010s for several reasons. IRIS does not require prior chemical equilibration or conversion into elemental constit-
uents, is cheaper (i.e., lower cost for purchase and consumables), and is easier to use (Martín-G�omez et al., 2015; West
et al., 2010). Besides, IRMS instruments are more complex and require stable environmental conditions (which limit
their use in the field, although it is not impossible, Schnyder et al., 2004), whereas IRIS is portable. Furthermore,
IRIS-based instruments can be coupled to automatic samplers for liquid and gaseous water in different compartments
of the Critical Zone (e.g., Herbstritt et al., 2012; Munksgaard et al., 2011).
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4.1.2 | Target isotopes, run arrangement, and preparation in IRIS

Protocols for run preparation and execution are largely independent of the type of IRIS instrument used. In brief,
IRIS analyzers are most often coupled to an autosampler that collects water sequentially from a set of samples. The sep-
tum of each vial (water sample) is pierced with a syringe, water is injected and then transferred to a vaporization module
connected to the IRIS analyzer that determines the isotopic composition of the water vapor. To avoid memory effects
between samples, it is advisable to inject a sample at least six times and to retain the measurements of the last three injec-
tions for the calculation of the isotopic composition of that sample (Penna et al., 2012). However, some researchers have
suggested that memory effects can be overcome numerically, even for the first three samples (van Geldern & Barth, 2012).

The calculation of the isotopic ratios requires the use of a reference material to normalize data, and to ensure com-
parability over time and among laboratories (L. Wassenaar et al., 2021). Thus, it is necessary to analyze standards (often
3) of known isotopic composition alongside the samples. Ideally, the standards are distributed as a block throughout
the run, and not only at the beginning or the end. The most relevant information regarding the chosen reference mate-
rials should be reported: name and provider, isotopic composition, and number of replicates. The isotopic composition
of the reference materials should cover the expected range of values for the samples to be analyzed (Gröning, 2004), but
the arrangement and number may vary (see sidebar 1). Similarly, a vial with deionized water should be analyzed every
4–10 samples as a quality control to identify potential instrument drift (van Geldern & Barth, 2012).

Manufacturers provide a factory setup for their instruments, but hardware changes or additional adjustments can
be necessary. For example, van Geldern and Barth (2012) recommended to modify the hardware from the factory setup
to increase the consistency and reliability of the results. Specifically, they recommended the use of different syringes,
vials, and septa than those delivered with the instrument, and a specific washing and rinsing protocol.

Filtering of samples is recommended to eliminate particles in suspension that can clog the syringe that is used to
inject the samples into the instrument. Besides particle contamination, ethanol and methanol are the primary known
organic contaminants because they have a known spectral peak and are easy to experiment with, but many organic
molecules (e.g., most C O H bonds) will have absorption at similar wavelengths and will influence IRIS analysis
(Schultz et al., 2011). It has been suggested to treat the samples with active charcoal can help remove organic com-
pounds, but the results of this procedure have not been fully satisfactory, and it may interfere with post-processing steps
(Chang et al., 2016; Schultz et al., 2011; X. Wang, Jansen, et al., 2021; West et al., 2010). Solid-phase extraction with a
commercial microcombustion module (which heats samples to �200�C to oxidize organic compounds, and is currently
only available for Picarro, Inc. instruments, see Chang et al., 2016) can reduce methanol contamination, for example by
oxidation. This system will, however, result in altered values in the case that the sample contains a high concentration
of organics with oxygen and hydrogen, because they will be included in the resulting values even if they are not
influencing the spectra, but it has been shown as an acceptable deviation in the case of samples containing low concen-
trations of methanol (Martín-G�omez et al., 2015).

4.2 | Post-run processing and analysis

4.2.1 | Normalization and correction of memory effects and drift

Post-run processing includes the normalization to the international isotope standards (Skrzypek, 2013), the check and cor-
rection of linearity (Barth et al., 2004), the sample-to-sample memory effect, and the drift (van Geldern & Barth, 2012).
The memory effect is relevant for all instruments, except for a dual inlet IRMS, which has a dedicated turbomolecular
pump for the changeover valve (Georgiou & Danezis, 2015). The US Geological Survey and the IAEA provide freely avail-
able software to post-process isotopic data from laser spectrometers (Coplen & Wassenaar, 2015). The Laboratory Informa-
tion Management System for Lasers 2015 is a Microsoft Access relational-database application that imports data from
instrument templates and executes all the necessary steps for the evaluation and correction of isotopic data.

4.2.2 | Spectral interference by organic compounds in IRIS

Organic compounds that are extracted together with water from soil and plant samples can interfere with the spectral
signal absorption in laser-based instruments and result in erroneous isotopic data (West et al., 2006). For contaminated
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samples, measurements of the isotopic composition differ between IRMS and IRIS, regardless of the type of IRIS (cavity
ring down spectroscopy [CRDS], West et al., 2011 or OA-ICOS, Schultz et al., 2011). However, contamination does not
affect all samples equally. For example, changes in the abundance or isotopic ratios can cause a variable contamination
signal, creating the illusion or exaggeration of a nonexistent or minor water isotope signal. Zhao et al. (2011) found that
among plant and soil samples, leaf samples were the most contaminated, followed by stem and root samples, and then
xylem and soil samples. Species and plant functional types, as well as habitat and climate affect the likelihood of con-
tamination (Millar et al., 2018).

Minimizing uncertainties derived from spectral interference caused by organic compounds is possible after
implementing a lab-specific protocol. Still, such protocols should be validated from time to time against IRMS systems
to ensure their long-standing validity as the variety of organic compounds in water is large. West et al. (2011) proposed
a decision-making flow chart to deal with spectral interference during isotopic determination with IRIS. In the past
decade, new correction tools have become available, and these have been evaluated by manufacturers and researchers.
Here, we provide an updated version of this flow chart by including newly available tools and recent findings
(Figure 1).

Currently, there are three solutions to deal with spectral interference caused by organic contamination: first (i),
using only IRMS for soil- and plant-water extracts suspected of contamination or running a representative sample sub-
set through both IRMS and IRIS. Second (ii), removing the organic compounds in the water before the analysis via fil-
tration or combustion (see also above). Third, (iii) applying post-run corrections, either self-made or supplied by
manufacturers. A common practice to handle spectral interference does not exist, which is why we recommend that
each laboratory develops its protocol and protocols are compared.

Analysis with IRMS
Additional analysis with IRMS is not always feasible and the additional storage and transport of samples for reanalysis
introduces additional uncertainties (Millar et al., 2022). Besides, IRMS is not a perfect solution for the analysis of highly
contaminated samples (such as those from pine trees, desiccated plant samples, or organic rich soils). Specifically, in
the case of Thermal Conversion–Elemental Analyzer–IRMS, organic compounds will be combusted and passed into the
analysis chamber along with the hydrogen from the plant/soil water. In samples with low (trace) concentrations of
organic compounds, the contributions of these organic hydrogen atoms can be considered negligible, but at high con-
centrations, they can become meaningful when the isotope ratio of the organic contaminant differs markedly from that
of the water (Brand et al., 2009; West et al., 2010).

Removing the organic compounds in the water before the analysis
The microcombustion module of CRDS instruments can reduce the concentration of interfering compounds, but it does
not always remove them completely (Martín-G�omez et al., 2015). Therefore, regardless of the instrument used and the
filtering applied, it is necessary to flag the samples containing organic compounds, either by using the manufacturer's
software (e.g., ChemCorrect™ by Picarro Inc.) or by applying custom-made protocols (Leen et al., 2012) according to
clear thresholds. These thresholds for detection, even when built-in, can be defined or modified by the user and present
an important opportunity for transparency and comparability across the field(s).

Post-run correction
Post-run processing corrections for the interference of organic compounds can have high accuracy for both CRDS
(Coplen & Wassenaar, 2015; Martín-G�omez et al., 2015) and OA-ICOS (Leen et al., 2012; Schultz et al., 2011) but are
not readily and transparently available from the manufacturers. Instead, these corrections need to be developed for
each instrument independently based on empirical relationships between isotopic deviations and proxies of spectral
interference. In the case of CRDS, Picarro Inc. provides the software ChemCorrect™ that flags the presence of organic
compounds in the samples but the correction for organic compounds needs to be conducted manually by the user by
accessing the CRDS software raw output (see the example calculation of calibrated organic compensated isotopic com-
positions in Hsiao, 2011). From the output of the OA-ICOS instruments, it is possible to compare the baseline offset of
the spectra of clean water against those of water samples to identify deviations (see Leen et al., 2012 for details). LGR
offers the Spectral Contamination Identifier (LWIA-SCI) software to flag samples affected by spectral interference.
Recent advances suggest that values of 17O-excess can be used to flag samples contaminated from organic compounds
as well (Millar et al., 2021; Nehemy et al., 2019).
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Alternatively, users can follow a method similar to that of Schultz et al. (2011), spiking their own water with ethanol
and methanol and testing for the corrections for contamination for to their specific instrument. The isotopic values for
flagged samples can be corrected using custom-made calibration curves specific for each instrument (see Leen
et al., 2012 for OA-ICOS and Martín-G�omez et al., 2015 for CRDS instruments). Calibration curves can be obtained by
measuring the isotopic composition for different samples of clean water of known isotopic composition that are spiked
with different concentrations of methanol and ethanol. These relationships between the measured isotopic composition
and the concentration must be significant and ideally explain a high proportion of the isotopic deviation. Still, when
possible, we recommend analyzing a subset of samples through both IRIS and IRMS (method i) to validate the correc-
tion method and to ensure the validity of laser-based measurements for each study system (soil type and plant species).
The IAEA inter-laboratory comparison does not include plant-extracted water explicitly but includes samples spiked
with methanol (L. Wassenaar et al., 2021). We recommend conducting such spiking experiments regardless of the post-
run processing tool used to identify thresholds of contamination below which the corrections offer acceptable accuracy.

4.3 | Uncertainty

Any information is accompanied by a level of uncertainty (Zadeh, 2005). For stable isotopes, this means that each indi-
vidual observation should be accompanied by summary statistics of all potential observations, or in other words error
estimates (Beven, 2018). Reporting these limits allows us to determine the certainty of the data, and to make decisions
regarding our confidence in them. There is no hard line as to what is acceptable, but an estimation of uncertainty
allows comparison and a more nuanced answer. In addition, uncertainty estimates can indicate when sampling and
analysis produced reproducible values, helping us to improve our methods. However, as a community, we have not
established a convention on how to report or combine multiple sources of uncertainty, nor commonly established
thresholds to evaluate whether the results are acceptable.

Uncertainty, or, discrepancies in isotopic determination (Beyer & Penna, 2021), originates from (i) sampling proce-
dures, including sample storage and handling (Section 2); (ii) variation in instrumental determination, including the
spectral analysis and curve averaging; (iii) fractionation or stratification within the vial or between vials, which creates
memory effects from one vial to the next (Cui et al., 2017; Penna et al., 2012); (iv) drift or systematic change through
the course of the run, due to either the instrument itself or the environment (Millar et al., 2022); and (v) the procedure
of normalization to international standards (Skrzypek, 2013). The first four discrepancies may manifest themselves dif-
ferently, depending on the instrument, type of sample, and sampling conditions.

In most laboratories, the overall uncertainty is calculated as the standard deviation of the retained injection values.
This accounts for variation from (iii) and is usually reported together with the uncertainty determined by the instrument
manufacturer, thus accounting for uncertainty from (ii). Most often, manufacturers calculate uncertainty as the standard
deviation from the averaging of the absorption curve. A few laboratories use either a repeated measure of a conditioning
vial or a control standard as an additional metric of uncertainty, thereby addressing (iv). Some laboratories collect dupli-
cate or triplicate samples, thus providing an estimate of the repeatability of the collection process (i) and analysis itself. In
cases where water is being extracted from samples, it can be divided into vials that can be stored and analyzed separately
as an additional control. For the most part, each of these assessments increases analysis cost and time. Uncertainty due to
(v) is not commonly reported, but it is necessary to state that normalization was done according to international standards
(Gröning, 2011, 2023; Lin et al., 2010; Skrzypek, 2013). All these estimates of uncertainty should be summed up using
accepted procedures, such as those provided by the Guide to the Expression of Uncertainty in Measurement (GUM;
JCGM, 2008). Gröning (2011) proposed a standard method for uncertainty quantification in water samples called SiCal,
which is currently available as a spreadsheet macro. It considers memory and drift effects, calibrates the values to interna-
tional standards, and calculates the standard uncertainty (Gröning, 2011). Currently, this method is available in Visual
Basic and therefore only accessible with a Microsoft© operating system. To allow wider use of this routine, it is necessary
to expand it to include uncertainties associated with plant and soil water and to translate it to a language independent
from the operating system and the software version, for example, Python or R.

4.4 | Concluding remarks: From vial to isotopic value

Currently, most laboratories yield satisfactory results in terms of precision and accuracy (L. Wassenaar et al., 2021).
Underperformance often results from run arrangement and preparation, but also from post-run processing including
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drift correction and data normalization (L. Wassenaar et al., 2021). In this sense, we recommend that users of CRDS
analyzers follow the protocols proposed by van Geldern and Barth (2012), which should not only improve precision,
accuracy, and sample throughput but also reduce the cost per sample. For users of OA-ICOS analyzers, we recommend
following Lis et al. (2008). Following these protocols, as well as providing detailed descriptions of all the steps, helps to
standardize methods across laboratories (see, e.g., Jones et al., 2017; Millar et al., 2022).

The increasing use of laser-based analyzers has enabled the widespread use of isotopic approaches in ecohydrology.
Still, their suitability for plant- and soil-water extracts has been questioned for a long time (West et al., 2010). The errors
produced by organic contamination have not been sufficiently addressed by the scientific community and the manufac-
turers (Millar et al., 2021). There have been some robust assessments of the issue (Leen et al., 2012; Martín-G�omez
et al., 2015; Schultz et al., 2011), but a definitive protocol does not exist yet. Software provided by the manufacturers
could not only flag spectral interference but also integrate post-run processing tools to evaluate and correct the discrep-
ancies caused, and furthermore, manufacturers could provide clear guidance on how to deal with the presence of
organic compounds. We advocate for open access to all these procedures so that the community (and not only the users
of a specific instrument) can validate their performance. Moreover, there is a need for a more robust, transparent, and
universal, for example, not dependent on instrument manufacturer, protocol for identifying organic contamination
and mitigating the consequences.

In the meantime, we propose a simple decision-making flowchart based on that from West et al. (2011) to avoid
erroneous isotopic data and ill-founded ecohydrological interpretations. This includes three steps: assessment,
correction, and evaluation. A key step of the process is the development of an instrument-based, self-made post-run
correction. Currently, the best available procedures are those described in Leen et al. (2012) for OA-ICOS and in Mar-
tín-G�omez et al. (2015) for CRDS users, though applicability may depend on model and is not necessarily universally
applicable to all models of the same producer. Those procedures should be first tested against IRMS results and with
samples covering a range of co-extracted organic compounds representative of the type of samples analyzed in each lab-
oratory (Figure 1). This is important because the precision of the relationship between IRIS-IRMS discrepancies and
the amount of methanol, ethanol, or other organic molecules can be too large to result in a reliable correction. We must
proceed cautiously with corrections as we can only systematically correct for known uncertainties, there are still uncer-
tainties related to sampling, storage, and extraction, along with other organics contamination which may also affect the
isotopic analysis.

5 | CONCLUSION

This present work is meant as a roadmap for users and newcomers to the field of stable isotopic ecohydrology to investi-
gate the sources of plant water uptake. There are many possible paths to obtain a value of isotopic composition of the
water in soils or plants, all of which have three steps that should be conceived as a continuum and part of the same pro-
cess chain: sample collection; water extraction, either in situ or in the laboratory; and analysis of the isotopic composi-
tion of the extracted water.

Prior to sample collection, ancillary data including climate, soil and vegetation type should be compiled (summa-
rized in Table 1). The sample frequency will be determined by the climate, precipitation regime mainly, and the phenol-
ogy of the studied plant species. To determine the spatial extent and soil sampling depth we recommend to account for
landscape heterogeneity, soil structure—including rooting depth and groundwater level—and plant species composi-
tion. Regarding sample collection, we recommend collecting soil and plant samples directly in the same vials that will
be used for water extraction.

Furthermore, we provide guidance on which water extraction method is most appropriate to use for specific
research objectives (summarized in Table 2). Selecting an extraction method should be first guided by its compatibility
for the given sample as well as by the availability of the water in the sample (e.g., bulk soil water versus mobile soil
water). The choice of method is also determined by the number of samples, the samples' physicochemical properties,
the type of laboratory equipment accessible, and the availability of resources (money, time, and labor). The reader
should note that extraction artifacts have been detected, particularly during CVD. Novel methodologies developed
recently, such as the Cavitron method or the SPC technique, appear to bypass some of these artifacts, but their imple-
mentation is still challenging, and CVD still remains as the most broadly accessible method. Besides, we still view CVD
as the most plausible methodology for extracting water from small shrubs or nonwoody plant species or from soil sam-
ples well above the permanent wilting point and with low clay and organic matter content.
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Finally, analysis of the extracted water, regardless of the instrument, should follow established protocols regarding
run arrangement and preparation with particular attention to how samples are assessed for uncertainty and contamina-
tion. A basis for navigating the spectral interference caused by contamination by organics has been established but the
future will certainly hold more widespread, transparent, and widely available methods.

Considering the three steps interdependently should allow for obtaining temporally and spatially representative soil
and plant samples, from which fractionation-free water samples are obtained and contamination-free isotopic analyses
are produced. This sets the prerequisite to take the next and final step, outside of the focus of this work, that is, the
modeling of plant water uptake patterns based on isotopic information.
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Sokratov, S. A., Stadnyk, T., Sugimoto, A., & Vreča, P. (2014). A new method of snowmelt sampling for water stable isotopes. Hydrologi-
cal Processes, 28(22), 5637–5644. https://doi.org/10.1002/hyp.10273

Penna, D., Hopp, L., Scandellari, F., Allen, S. T., Benettin, P., Beyer, M., Geris, J., Klaus, J., Marshall, J. D., Schwendenmann, L.,
Volkmann, T. H. M., von Freyberg, J., Amin, A., Ceperley, N., Engel, M., Frentress, J., Giambastiani, Y., McDonnell, J. J., Zuecco, G., …
Kirchner, J. W. (2018). Ideas and perspectives: Tracing terrestrial ecosystem water fluxes using hydrogen and oxygen stable isotopes—
Challenges and opportunities from an interdisciplinary perspective. Biogeosciences, 15(21), 6399–6415. https://doi.org/10.5194/bg-15-
6399-2018

Penna, D., Oliviero, O., Assendelft, R., Zuecco, G., van Meerveld, I., Anfodillo, T., Carraro, V., Borga, M., & Fontana, G. D. (2013). Tracing
the water sources of trees and streams: Isotopic analysis in a small pre-alpine catchment. Procedia Environmental Sciences, 19, 106–112.
https://doi.org/10.1016/j.proenv.2013.06.012

Penna, D., Stenni, B., Sanda, M., Wrede, S., Bogaard, T. A., Michelini, M., Fischer, B. M. C., Gobbi, A., Mantese, N., Zuecco, G., Borga, M.,
Bonazza, M., Sobotkova, M., Cejkova, B., & Wassenaar, L. I. (2012). Technical note: Evaluation of between-sample memory effects in the
analysis of DH and O-18 of water samples measured by laser spectroscopes. Hydrology and Earth System Sciences, 16, 3925–3933. https://
doi.org/10.5194/hess-16-3925-2012

Penna, D., & van Meerveld, H. J. (Ilja). (2019). Spatial variability in the isotopic composition of water in small catchments and its effect on
hydrograph separation. WIREs Water, 6(5), e1367. https://doi.org/10.1002/wat2.1367

Penna, D., Zanotelli, D., Scandellari, F., Aguzzoni, A., Engel, M., Tagliavini, M., & Comiti, F. (2021). Water uptake of apple trees in the Alps:
Where does irrigation water go? Ecohydrology, 14, 107572. https://doi.org/10.1002/eco.2306

Peters, L. I., & Yakir, D. (2008). A direct and rapid leaf water extraction method for isotopic analysis. Rapid Communications in Mass Spec-
trometry, 22(18), 2929–2936. https://doi.org/10.1002/rcm.3692

Pinos, J., Flury, M., Latron, J., & Llorens, P. (2022). Routing stemflow water through the soil: A dual labelling approach with artificial tracers.
Hydrology and Earth System Sciences, 27, 2865–2881. https://doi.org/10.5194/hess-2022-382

Poyatos, R., Martínez-Vilalta, J., Čerm�ak, J., Ceulemans, R., Granier, A., Irvine, J., Köstner, B., Lagergren, F., Meiresonne, L.,
Nadezhdina, N., Zimmermann, R., Llorens, P., & Mencuccini, M. (2007). Plasticity in hydraulic architecture of Scots pine across Eurasia.
Oecologia, 153, 245–259. https://doi.org/10.1007/s00442-007-0740-0

Pütz, T., Fank, J., & Flury, M. (2018). Lysimeters in vadose zone research. Vadose Zone Journal, 17(1), 1–4. https://doi.org/10.2136/vzj2018.
02.0035

Querejeta, J. I., Ren, W., & Prieto, I. (2021). Vertical decoupling of soil nutrients and water under climate warming reduces plant cumulative
nutrient uptake, water-use efficiency and productivity. New Phytologist, 230(4), 1378–1393. https://doi.org/10.1111/nph.17258

Reth, S., Perez-Priego, O., Coners, H., & Nolz, R. (2021). Lysimeter. In T. Foken (Ed.), Springer handbook of atmospheric measurements
(pp. 1569–1584). Springer International Publishing. https://doi.org/10.1007/978-3-030-52171-4_58

Richards, L. A. (1931). Capillary conduction of liquids through porous mediums. Physics, 1(5), 318–333. https://doi.org/10.1063/1.1745010
Rodriguez-Dominguez, C. M., Forner, A., Martorell, S., Choat, B., Lopez, R., Peters, J. M. R., Pfautsch, S., Mayr, S., Carins-Murphy, M. R.,

McAdam, S. A. M., Richardson, F., Diaz-Espejo, A., Hernandez-Santana, V., Menezes-Silva, P. E., Torres-Ruiz, J. M., Batz, T. A., &
Sack, L. (2022). Leaf water potential measurements using the pressure chamber: Synthetic testing of assumptions towards best practices
for precision and accuracy. Plant, Cell & Environment, 45(7), 2037–2061. https://doi.org/10.1111/pce.14330

Rosas, T., Mencuccini, M., Barba, J., Cochard, H., Saura-Mas, S., & Martínez-Vilalta, J. (2019). Adjustments and coordination of hydraulic,
leaf and stem traits along a water availability gradient. New Phytologist, 223(2), 632–646. https://doi.org/10.1111/nph.15684

Rothfuss, Y., & Javaux, M. (2017). Reviews and syntheses: Isotopic approaches to quantify root water uptake: A review and comparison of
methods. Biogeosciences, 14(8), 2199–2224. https://doi.org/10.5194/bg-14-2199-2017

Rothfuss, Y., Vereecken, H., & Brüggemann, N. (2013). Monitoring water stable isotopic composition in soils using gas-permeable tubing
and infrared laser absorption spectroscopy. Water Resources Research, 49(6), 3747–3755. https://doi.org/10.1002/wrcr.20311

S�anchez-Murillo, R., Todini-Zicavo, D., Poca, M., Birkel, C., Esquivel-Hern�andez, G., Chavarría, M. M., Zuecco, G., & Penna, D. (2023). Dry
season plant water sourcing in contrasting tropical ecosystems of Costa Rica. Ecohydrology, 16, e2541. https://doi.org/10.1002/eco.2541

Santos Pires, S., Herbstritt, B., Stumpp, C., Weiler, M., & Stockinger, M. P. (2022). Influence of sample preparation procedures on water sta-
ble isotopes in plant organs using the water-vapour equilibrium method. Ecohydrology, 15(4), e2444. https://doi.org/10.1002/eco.2444

Savage, M. J., Ritchie, J. T., Bland, W. L., & Dugas, W. A. (1996). Lower limit of soil water availability. Agronomy Journal, 88(4), 644–651.
https://doi.org/10.2134/agronj1996.00021962008800040024x

30 of 33 CEPERLEY ET AL.

 20491948, 0, D
ow

nloaded from
 https://w

ires.onlinelibrary.w
iley.com

/doi/10.1002/w
at2.1727 by U

niversitat B
ern, W

iley O
nline L

ibrary on [06/03/2024]. See the T
erm

s and C
onditions (https://onlinelibrary.w

iley.com
/term

s-and-conditions) on W
iley O

nline L
ibrary for rules of use; O

A
 articles are governed by the applicable C

reative C
om

m
ons L

icense

https://doi.org/10.1002/hyp.10870
https://doi.org/10.1002/hyp.13539
https://doi.org/10.1016/j.scitotenv.2023.163510
https://doi.org/10.1038/ncomms5660
https://doi.org/10.1111/jvs.12570
https://doi.org/10.1002/hyp.10273
https://doi.org/10.5194/bg-15-6399-2018
https://doi.org/10.5194/bg-15-6399-2018
https://doi.org/10.1016/j.proenv.2013.06.012
https://doi.org/10.5194/hess-16-3925-2012
https://doi.org/10.5194/hess-16-3925-2012
https://doi.org/10.1002/wat2.1367
https://doi.org/10.1002/eco.2306
https://doi.org/10.1002/rcm.3692
https://doi.org/10.5194/hess-2022-382
https://doi.org/10.1007/s00442-007-0740-0
https://doi.org/10.2136/vzj2018.02.0035
https://doi.org/10.2136/vzj2018.02.0035
https://doi.org/10.1111/nph.17258
https://doi.org/10.1007/978-3-030-52171-4_58
https://doi.org/10.1063/1.1745010
https://doi.org/10.1111/pce.14330
https://doi.org/10.1111/nph.15684
https://doi.org/10.5194/bg-14-2199-2017
https://doi.org/10.1002/wrcr.20311
https://doi.org/10.1002/eco.2541
https://doi.org/10.1002/eco.2444
https://doi.org/10.2134/agronj1996.00021962008800040024x


Schenk, H. J., Espino, S., Goedhart, C. M., Nordenstahl, M., Cabrera, H. I. M., & Jones, C. S. (2008). Hydraulic integration and shrub growth
form linked across continental aridity gradients. Proceedings of the National Academy of Sciences of the United States of America, 105(32),
11248–11253. https://doi.org/10.1073/pnas.0804294105

Schnyder, H., Schäufele, R., & Wenzel, R. (2004). Mobile, outdoor continuous-flow isotope-ratio mass spectrometer system for automated
high-frequency 13 C- and 18 O-CO2 analysis for keeling plot applications: Outdoor IMRS for automated 13C and 18O analysis of air CO2.
Rapid Communications in Mass Spectrometry, 18(24), 3068–3074. https://doi.org/10.1002/rcm.1731

Schultz, N. M., Griffis, T. J., Lee, X., & Baker, J. M. (2011). Identification and correction of spectral contamination in 2H/1H and 18O/16O
measured in leaf, stem, and soil water: Correction of 2H/1H and 18O/16O in plant and soil water using IRIS. Rapid Communications in
Mass Spectrometry, 25(21), 3360–3368. https://doi.org/10.1002/rcm.5236

Scholander, P. F., Hemmingsen, E. A., Hammel, H. T., & Bradstreet, E. D. P. (1964). Hydrostatic Pressure + Osmotic Potential in Leaves of
Mangroves + Some Other Plants, Proceedings of the National Academy of Sciences of the United States of America, 52, 119–125, https://
doi.org/10.1073/pnas.52.1.119

Skrzypek, G. (2013). Normalization procedures and reference material selection in stable HCNOS isotope analyses: An overview. Analytical
and Bioanalytical Chemistry, 405(9), 2815–2823. https://doi.org/10.1007/s00216-012-6517-2

Smith, A., Tetzlaff, D., Landgraf, J., Dubbert, M., & Soulsby, C. (2022). Modelling temporal variability of in situ soil water and vegetation iso-
topes reveals ecohydrological couplings in a riparian willow plot. Biogeosciences, 19(9), 2465–2485. https://doi.org/10.5194/bg-19-2465-
2022

Sparr Eskilsson, C., & Björklund, E. (2000). Analytical-scale microwave-assisted extraction. Journal of Chromatography A, 902(1), 227–250.
https://doi.org/10.1016/S0021-9673(00)00921-3

Sprenger, M., Herbstritt, B., & Weiler, M. (2015). Established methods and new opportunities for pore water stable isotope analysis. Hydrolog-
ical processes, 29(25), 5174–5192. https://doi.org/10.1002/hyp.10643

Sprenger, M., Leistert, H., Gimbel, K., & Weiler, M. (2016). Illuminating hydrological processes at the soil-vegetation-atmosphere interface
with water stable isotopes. Reviews of Geophysics, 54(3), 674–704. https://doi.org/10.1002/2015RG000515

Sprenger, M., Llorens, P., Cayuela, C., Gallart, F., & Latron, J. (2019). Mechanisms of consistently disjunct soil water pools over (pore) space
and time. Hydrological Earth Systems Sciences, 23, 2751–2762. https://doi.org/10.5194/hess-23-2751-2019

Sprenger, M., Tetzlaff, D., Buttle, J., Laudon, H., Leistert, H., Mitchell, C. P. J., Snelgrove, J., Weiler, M., & Soulsby, C. (2018). Measuring and
modeling stable isotopes of mobile and bulk soil water. Vadose Zone Journal, 17(1), 1–18. https://doi.org/10.2136/vzj2017.08.0149

Stocker, B. D., Tumber-D�avila, S. J., Konings, A. G., Anderson, M. C., Hain, C., & Jackson, R. B. (2023). Global patterns of water storage in
the rooting zones of vegetation. Nature Geoscience, 16, 250–256. https://doi.org/10.1038/s41561-023-01125-2
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APPENDIX

TABLE A1 Overview of centrifugation applications for isotope analysis and applied settings.

Centrifuge type Sample type
Sample
amount (g)

Extraction
time (min)

Extraction
temperature
(�C) Force (rpm) Reference

Sorvall Legend RT+
(Thermo Fisher
Scientific, Waltham,
MA; USA)

Loamy sands, sand 11, 18 3 � 15 20 5000 Adams
et al., 2020

Sorvall RC 5B Plus
centrifuge fitted with
a Sorvall aluminum
rotor with four
stainless-steel sleeves
designed for 50-mL
Falcon tubes (Sorvall,
Newton, CT, USA)

Sandy loam 18–30 (soil
wetted to near
saturation)

“Low” matric
potential
(≈0.016 MPa):
180; “mid”
potential
(≈1.14 MPa):
240

All <25 “Low”
matric
potential
950; “mid”
potential:
8000

Bowers
et al., 2020

Thermo Scientific
Multifuge 1S (Thermo
Scientific, Waltham,
MA; USA)

Different grass species
and a melon plant

5 (grounded
plant material)

30 21 5000 Fischer
et al., 2019

Fresco 21
Microcentrifuge
(Thermo Scientific,
Waltham, MA; USA)

Two histosols, two
podzols (Bruntland
Burn catchment, UK)

0.12–0.2 (organic
soils); 1.5–2.5
(mineral soils)

60 5 6300, 11,700,
and 14,700

Geris
et al., 2015

High-speed centrifugea Clay-rich till soils from
the Battleford
Formation and the
Upper Floral
Formation
(Saskatchewan, CA)

50 mm � 60 mm
coresa

1.440–2.880 21 4000–10,000 Kelln
et al., 2001

Eppendorf centrifuge
model 5804
(Eppendorf Corp.,
Hamburg, DE)

Heads, leaves, stems
and roots from spring
wheat

9 (head), 7 (leaf),
9 (stem), 14
(root)

30; second step to
remove
particulate
matter: 60

Both 4 10,000;
second
step to
remove
particulate
matter:
11,000

Millar
et al., 2018

Eppendorf centrifuge
model 5804
(Eppendorf Corp.,
Hamburg, DE)

Clayey loam, silty sand 40 (8, 20, 30%
vol. water
content)

15 4 5000 Orlowski,
Breuer,
et al., 2016

Beckman Coulter
centrifuge (Avanti
JXN-26, Beckman
Coulter Inc., DE)

Ground basaltic tephra
with a loamy sand

50 30 4 5000 Orlowski
et al., 2019

Sorvall Superspeed
RC2-B centrifuge,
(Thermo Scientific,
Waltham, MA, USA)

Different species' leaf
samples

1.5–2.5
(dependent on
succulence)

10 4 10,000 Peters &
Yakir, 2008

aNo further information is available.
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